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ABSTRACT: Self-assembly of nanopore-spanning lipid bilayers (npsLBs) paves the way toward chip-based integrated
membrane protein biosensing. We present a novel approach to
analyze the formation of npsLB at individual nanopores using
quantitative analysis of high-resolution microscopy images.
From this analysis we derive necessary conditions for the
formation of npsLBs on nanopore arrays by liposome fusion
and discuss the limitations of the process as a function of
nanopore geometry, lipid membrane properties, and surface
interaction. Most importantly, applying liposomes with diameters larger than the nanopore is demonstrated to be a necessary but not suﬃcient condition for npsLB formation. A theoretical
model is used to discuss and explain this experimental ﬁnding.

1. INTRODUCTION
Understanding the workings of membrane proteins remains
one of the open challenges of present day biology1 and has a vast
impact on drug design and development.2,3 In vivo studies
involve a high degree of complexity, and there is a strong drive
toward studying membrane proteins in simpler, controlled
model environments. Reconstituted lipid bilayers are good
models of real cell membranes and can incorporate delicate
membrane proteins in a native environment. This allows membrane protein functions to be directly studied with high-resolution probes under controlled and reproducible conditions.4 To
incorporate membrane proteins with large hydrophilic domains
and to enable access to the membrane from both sides, a
common approach is to span lipid bilayers across several
hundreds of micrometers wide apertures, forming the so-called
black lipid membranes (BLM).5
BLMs have several drawbacks that have prevented their
implementation in biosensing applications, for which robustness
and the use of delicate membrane proteins are generally required.
Typically, BLMs are spread in the presence of solvents such as
decane.5,6 The large size of the apertures and the solvent
remnants cause instabilities in the BLM, in turn causing these
sensors to have too-short lifetimes. Moreover, the solvent
remnants in the membrane aﬀect the function of membrane
proteins, therefore limiting the possibility of studying complex
membrane proteins in native environments.7
Alternatively, planar membranes bereft of nonpolar solvents
can be formed by rupture and fusion of small or large unilamellar
liposomes onto solid supports, forming a so-called supported
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lipid bilayer (SLB) as ﬁrst reported by Tamm and McConnell.8
SLBs are increasingly used due to their ease of formation,
stability, and adaptability to most common sensing platforms.9
The improved stability is however achieved at the price of losing
the possibility to incorporate many membrane proteins in their
native conformation due to steric hindrance and interactions
with the solid support.
Combining the ample space for protein incorporation and the
small, deﬁned sensor area of BLMs with the robustness, ease of
formation, and longevity of supported lipid bilayers would constitute a major leap forward for membrane and membrane protein
sensing.7 Tiefenauer and co-workers demonstrated in 2007 that
the lifetimes of solvent-spread BLMs continuously increased as the
aperture size was decreased to 200 nm,10 conﬁrming previously
shown long lifetimes of BLMs spread across nanosized pores.6,11
H€o€ok et al. recently described how solvent-free SLBs preformed at
physiological conditions on ﬂat surfaces could be driven by shear
ﬂow in microﬂuidic channels to span nanoholes on another part of
the substrate if the pH was increased to 9.5,12 but it is uncertain
whether this method can be applied with large membrane proteins
which are pinned from moving at the surface.13 Naumann and coworkers also recently placed giant vesicles over single nanopores to
form nano-BLMs;14 however, this manual approach does not
allow incorporation of membrane proteins by proteoliposomes
over large areas of pores.15
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A simpler and more desirable process to form nanopore
spanning lipid bilayers (npsLB) that could be used for a range
of sensor applications would be to exploit vesicle rupture and
fusion as is commonly done for SLBs directly on nanoporous
substrates. However, the direct formation of npsLBs will require a
number of necessary conditions to be met in terms of nanostructure geometry and chemistry relative to the chosen proteoliposome properties and SLB assembly conditions which to date
have not been consistently explored. A major obstacle in
determining the right conditions for npsLB formation has been
the diﬃculty to detect and characterize their formation. The
mean-ﬁeld characterizations typically used for SLBs, such as
quartz crystal microbalance with dissipation monitoring (QCMD)16 and ﬂuorescence recovery after photobleaching (FRAP),17
are not sensitive enough to observe SLB conformation over
nanostructured surfaces. Electrochemical methods are instead
too sensitive, since a defect-free SLB is required over all nanopores
in the whole sensing area for detection.18,19 Finally, mechanical
characterization with atomic force microscopy (AFM) of lipid
bilayers spanning over nanopores is slow, leading to low statistics,
and tip interaction may damage the lipid bilayer.20
We present a novel approach towards quantifying the formation of npsLBs by the analysis of high-resolution confocal
microscopy images of single nanopores. Several thousands of
individual pores were investigated, providing meaningful statistics of the necessary conditions for npsLB formation by liposome
fusion directly over high-aspect ratio nanopores etched into
silicon nitride, systematically relating the fraction of spanned
nanopores to nanopore and vesicle size, lipid composition, and
pH. The sensitivity to single nanostructures allowed us for the
ﬁrst time to distinguish between intermediate states of perfectly
spanned lipid bilayers and lipid bilayers with nanopore defects.
This presents a crucial advantage for further optimization of
npsLB formation. The results are discussed in a model for the
thermodynamic equilibrium structures and kinetic barriers for
conformational changes of membranes at pore nanostructures.

2. EXPERIMENTAL SECTION
2.1. Substrates. Nanostructured substrates (pore sizes: 40, 80, 100,
200, and 500 nm) were produced as previously described by colloidal
lithography and etching through 350 nm of plasma-enhanced chemical
vapor deposition (PECVD, Plasmalab 80+, Oxford Instruments, U.K.)
grown silicon nitride (n ≈ 2.16) deposited on no. 1 thickness borosilicate microscope glass coverslips.21 The average nanopore size was
determined by the diameter of the colloids. A requirement for the
presented analysis was to obtain nanoscale feature separations large
enough to allow for the resolution and observation of individual features
in a confocal microscope. The pore-to-pore separation can be accurately
controlled during the colloidal lithography step by particle self-assembly
at liquidliquid interfaces (SALI).22 A less accurate but still effective
control can be obtained by random adsorption of charged colloids (see
Supporting Information for representative images of the substrates).21,23
2.2. Buffer. All buffers were made using ultrapure water (Millipore,
Zug, Switzerland; R = 18.2 Ω, TOC < 6 ppb). Tris buffered saline (TBS)
was used for all liposome stock solutions: 10 mM tris(hydroxymethyl)aminomethane (Tris), 150 mM NaCl, and pH 7.4 set by HCl (all
chemicals from Fluka, Buchs, Switzerland). Liposome adsorption experiments were performed in TBS with additionally 3 mM CaCl2 added
(TBSCa).
2.3. Liposomes (Lipid Vesicles). Fluorescently labeled anionic
lipid vesicles were used during the course of these experiments, unless
otherwise stated. Vesicles were prepared according to the Barenholz et al.24
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method with the following lipid constituents: 69.8 wt % 1-palmitoyl-2oleoyl-sn-glycero-3-phosphocholine (POPC), 30 wt % 1-palmitoyl-2oleoyl-sn-glycero-3-phospho-L-serine (sodium salt; POPS), and 0.2 wt %
1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine
B sulfonyl) (ammonium salt) (DOPERhoB) for negatively charged
vesicles and 99.8 wt % POPC and 0.2 wt % DOPERhoB for zwitterionic
vesicles (Avanti Polar Lipids, Alabaster, AL, USA). For stimulated emission and depletion (STED) measurements, 0.2 wt % DOPERhoB was
replaced by 0.2 wt % atto-POPE that was synthesized in house (see next
section). For demonstrations of fluorescence recovery after photobleaching (FRAP), 0.2 wt % DOPERhoB, and 1.8 wt % POPC were replaced by 2 wt % 1-oleoyl-2-[6-[(7-nitro-21,3-benzoxadiazol-4-yl)amino]
hexanoyl]-sn-glycero-3-phosphocholine (NBDPC). Three different sizes
of liposomes were prepared by extrusion of the lipid solution through
double-stacked 200, 100, and 50 nm polycarbonate filters (Avestin,
Mannheim, Germany) according to the protocols of Macdonald et al.,25
leading to the following diameters of the anionic liposomes, as measured
by dynamic light scattering (DLS, Zetasizer NanoZS, Malvern, U.K.) using
single Gaussian peak fitting: 200 nm filter, 129.2 ( 17.5 nm; 100 nm filter,
99.4 ( 12.4 nm; 50 nm filter, 74.7 ( 10.6 nm. The vesicles will be referred
to in the main text according to their approximate mean diameters: 130,
100, and 75 nm. Note: the standard deviations stated here refer to the
standard deviation among the diameters of vesicles from a minimum of
three intensity-weighted measurements. Liposomes were suspended in 5
mg/mL stock solutions in TBS and used within 2 weeks from preparation.
Solutions were diluted in TBSCa immediately prior to use.
2.4. ATTO-POPE Preparation. To prepare ATTO-POPE, we
dissolved 100 μg of NHS ester tagged ATTO dye (ATTO-TEC, Siegen,
Germany) in l mL of anhydrous, amine-free dimethylformamimide
(DMF, Sigma-Aldrich, Buchs, Switzerland) to 0.1 mg/mL. Subsequently
we dissolved 170 μg of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine (POPE) in DMF in 340 μL to 0.05 mg/mL. The solutions
were mixed and allowed to react for 2 h at room temperature. Finally
DMF was evaporated in vacuum and the residue was immediately
resuspended in 850 μL CHCl3 to make 0.2 mg/mL of ATTO-POPE
with excess POPE solution.
2.5. QCM-D. QCM-D was conducted in batch flow on an E4 QCMD instrument (Q-Sense, V€astra Fr€olunda, Sweden) where four experiments were conducted simultaneously. 350 nm of silicon nitride were
deposited via PECVD on quartz crystals (Q-Sense). Individual crystals
were patterned with 40 nm particles, 100 nm particles, and 200 nm
amidine latex particles and processed as described elsewhere.21 All
samples were placed in a precleaned UVozone cleaner (UV/Ozone
Procleaner, Bioforce Nanoscience, Ames, IA, USA) for at least 30 min
prior to use. After mounting the crystals in the QCM-D, the crystals were
allowed to stabilize in TBSCa to achieve a baseline. Subsequently
0.1 mg/mL of 100 nm negatively charged vesicles (70% POPC, 30%
POPS) was introduced at t = 600 s in batch flow. Excess vesicles were
rinsed away at t = 1800 s.
2.6. Confocal Microscopy. Confocal microscopy experiments
were conducted in a custom-made open microscopy cell. Before being
placed in the microscopy cell, nanopore substrates were thoroughly
cleaned by ultrasonication in ethanol and water followed by 30 min of UV
ozone cleaning; substrates were then used within 45 min of removal
from the UV chamber. Vesicle solutions were diluted to 0.5 mg/mL in
TBSCa and allowed to adsorb directly on the nanopore arrays for at least
15 min, before thoroughly rinsing with TBSCa. Dye encapsulation
experiments were conducted using 5(6)-carboxyfluorescein (CF). CF
was used as it has a low permeability through planar lipid bilayers. A 1
mg/mL amount of CF was added to TBSCa and filtered to produce
a saturated solution of CFTBSCa. Vesicle solutions were diluted
directly into CFTBSCa as above prior to use. CF experiments were
typically conducted within 20 min of initial adsorption. All confocal
microscopy experiments were conducted on a Leica SP5 (Leica
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Figure 1. Supported lipid bilayers on nanoporous substrates. (A) Typical corresponding reﬂection (top) and ﬂuorescence (bottom) CLSM images
(200 nm pores obtained by SALI and 130 nm vesicles). In this case, a high ﬂuorescence contrast with respect to the background is observed at the
positions of the pores. Note: thresholding makes the ﬂuorescent background surface appear dark. (B) Top, standard CLSM image; bottom, stimulated
emission and depletion (STED) image of 500 nm pores with 75 nm vesicles. (C) Snapshot of a 3D image rendered from STED z-slices of 500 nm pores
with 75 nm vesicles. The ﬂuorescence inside the pore is conﬁned to the walls and the base of the pore. (Full video is available as Supporting Information).
Microsystems, Wetzlar, Germany) inverted setup with an oil immersion
100X N/A 1.4 objective using the 488 and 514 nm lines of the Ar laser
and the 561 nm HeNe laser. Two images were recorded simultaneously: the reflection of the incident laser and the corresponding
fluorescence signal of the labeled lipid bilayers. The large difference in
refractive index between the silicon nitride (n ≈ 2.16) and underlying
glass substrate (n ≈ 1.52) and the refractive index of the buffer (n ≈
1.33) caused the incident laser light to scatter at the positions of the
nanopores. Although all of the recorded images are subject to the
diffraction limit of the incident laser line, each nanopore could be
accurately located from their respective scattered dark spot since their
spacing was larger than the diffraction limit.
2.7. Stimulated Emission and Depletion Imaging. STED
microscopy26,27 was also conducted on the porous silicon nitride. STED
images were collected using a Leica TCS STED microscope (Leica)
utilizing two pulsed lasers for excitation (diode laser, 635 nm; pulse
width < 90 ps) and stimulated emission (Ti:Sa, 750 nm; pulse width
∼ 300 ps). Both lasers were running at a repetition rate of 80 MHz and
synchronized to each other in order to ensure optimal STED efficiency
in the focal plane of the 100X oil immersion objective (NA = 1.4). The
resolution of the microscope was routinely checked and found to be
between 90 and 100 nm. ATTO-POPE labeled vesicles were used for all
STED measurements.

3. RESULTS AND DISCUSSION
3.1. Experimental Results. Formation of SLBs via rupture
and fusion of anionic liposomes was first verified both on plain
and nanopore-patterned silicon nitride substrates. QCM-D conducted on nanostructured and plain silicon nitride deposited on
Au-coated quartz crystals revealed the signature behavior for SLB
formation16,28 on all substrates regardless of nanopore size and
density (see Supporting Information for results). Final frequency
and dissipation shifts were as expected for this lipid composition:
26 Hz and 0.2  106, respectively.16 FRAP analysis29 confirmed the presence of an SLB with a mobile fraction of
90.6 ( 5.2% and a lipid diffusion coefficient of 1.41 ( 0.31 μm2/s.
Interestingly, no influence of even up to 5% surface coverage of
nanopores on either the SLB assembly kinetics or the final SLB
properties could be observed by these techniques.
Figure 1A shows a representative confocal laser scanning
(CLS) micrograph of an SLB formed from extruded anionic
vesicles with a mean diameter of 130 nm and DOPERhoB
labeled membranes on a substrate with 200 nm pores. In a
typical reﬂection image such as in Figure 1A, top, each dark

circle corresponds to one single pore. Figure 1A, bottom, is the
corresponding DOPERhoB ﬂuorescence channel. We observe a 1:1 correlation between the openings in the reﬂection
image and the high-ﬂuorescence spots in the ﬂuorescence
image. Moreover, the brightness of the features in the bottom
image is uniform for all spots. Note: the background top surface
in the ﬂuorescence images appears dark due to thresholding but
is ﬂuorescent on the level of a supported lipid bilayer. The 1:1
correspondence and uniform brightness was observed for
both 200 and 500 nm pores. Although able to resolve single
nanopores, conventional CLSM does not have suﬃcient resolution to resolve the localization of the lipid bilayer in relation
to the pore bottom and walls. For this reason STED was
employed to image the lipid bilayer arrangement at the nanopores. Figure 1B, top, shows a standard confocal ﬂuorescence
image of 500 nm pores and 75 nm vesicles, with Figure 1B,
bottom, showing the corresponding STED image (full 3D reconstruction video in Supporting Information; see Figure 1C
for snapshot of video). These images prove that the ﬂuorescence signal, and therefore the SLB, follows the contour of the
pores. This result, together with the uniform brightness of all
ﬂuorescent spots corresponding to nanopores exposed to
liposomes, strongly suggests that when the size of our vesicles
is smaller than the pore diameter, the liposomes can enter the
pore and the planar lipid bilayer therefore forms a continuous
SLB following the pore contour.
The situation changes when the size of the nanopore opening is
reduced. Parts AC of Figure 2 show representative CLS micrographs of substrates with 100 nm nanopores exposed to 130 nm
DOPERhoB labeled liposomes in CF containing buﬀer; i.e., the
average liposome size is larger than the pore diameter. Most
positions of nanopores have a corresponding high intensity of
ﬂuorescence signal in the DOPERhoB channel (Figure 2C),
similar to what was observed in Figure 1A. However, in contrast to
Figure 1A the remaining pore fraction corresponds to low membrane ﬂuorescence. Interestingly, Figure 2B, showing the buﬀer
label CF channel, yields the inverse image, implying that a pore
corresponding to low intensity in the DOPERhoB membrane
channel has high CF ﬂuorescence intensity. The anticorrelation
between the two channels, i.e., high CF correlates with low
DOPERhoB ﬂuorescence intensity and vice versa, is further
illustrated in Figure 2D. The points shown on this plot represent
the amount of DOPERhoB signal and CF signal coming from
each individual nanopore. The points are mainly localized into two
10922
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Figure 2. (A) Reﬂection image of 100 nm nanopores with 130 nm vesicles. Nanopores are distinct, allowing individual identiﬁcation. (B)
Corresponding CF ﬂuorescence image. (C) Corresponding DOPERhoB ﬂuorescence image. The highlighted area shows the anticorrelation of
CF ﬂuorescence to the DOPERhoB signal (high-contrast CF = low-contrast DOPERhoB and vice versa). (D) DOPERhoB vs CF ﬂuorescence
signals. The data points are clustered primarily within two lobes—low CF/high DOPERhoB and high CF/low DOPERhoB, respectively. (E and F)
Schematics explaining the origin of the anticorrelated ﬂuorescence signals. (E) npsLBs encapsulating CF lead to high-CF signal and low-DOPERhoB
signal. (F) SLBs following the contours of the nanopore lead to high-DOPERhoB signal and low-CF signal.

lobes representing nanopores where the signal from only one of the
ﬂuorescence channels dominates. Only a low number of outliers are
detected with substantial ﬂuorescence in both channels. The
interpretation of these results is illustrated in the schematic
diagrams provided in Figure 2E,F. A membrane following the
contour of the nanopore will not encapsulate any CF dye within the
nanopore but will localize more lipid material along the pore walls,
which increases the local projected membrane ﬂuorescence signal
from the pore as veriﬁed above by the STED measurements.
Conversely, localization of CF signal to a nanopore implies
encapsulation of the dye in the underlying cavity by a spanning
lipid bilayer that prevents the dye from diﬀusing away but also
implies that the local membrane (DOPERhoB) ﬂuorescence
intensity is similar to the one of a planar SLB. Furthermore, due to
the strong correlation of a low DOPERhoB signal with a high CF
signal that unambiguously characterizes a pore spanned by a
membrane, we infer that a low DOPERhoB signal correlates
with the presence of a npsLB. We also attempted direct imaging of
the membrane on the small pores using STED. However, the lateral
resolution of the STED microscope was limited to g90 nm due
mainly to optical aberrations on the nanostructured, high-refractive
index substrates. This is comparable to the pore diameter
(<100 nm), leading to the observation that a free-standing bilayer
could not be resolved directly by STED imaging. In fact, in contrast
to the data reported in Figure 1B, the small dimensions of the pore
make it impossible to distinguish ﬂuorescence localized at the walls

from uniform signal across the pore opening from STED images.
Therefore the distinction could only be made by looking at the total
intensity coming from the individual pores described as follows.
By means of automated algorithms allowing a statistical analysis
of a large number of individual nanopores, the amount of
ﬂuorescence within the region corresponding to the position of
a single nanopore in the reﬂection image is obtained by the signal
contrast from within a nanopore to the background (see Supporting Information) as exempliﬁed by the contrast probability
distributions reported in Figure 3A. The peak at high CF signal
relating to dye encapsulation and the presence of a npsLB has a
broad distribution, indicating that diﬀerent amounts of CF were
encapsulated. From the contrast signal analysis the time evolution
of dye encapsulation can also be followed (Figure 3B). The size of
the smaller peak as well as its position are continuously decreasing
as a function of time between 5 and 180 min, indicating partial
leakage and photobleaching. After 180 min, no discernible CF
ﬂuorescence was detected under the npsLBs, while the DOPE
RhoB signal still indicated the presence of a npsLB. CF is
considered a membrane-impermeable dye. Despite this, both
leakage and bleaching of CF have been reported in a similar
system with a lipid membrane encapsulating CF within a
nanopore12 and are signiﬁcantly higher than the leakage observed
from a purely liposomal system.30,31 The diﬀerence is likely due
to the presence of a layer of water between the lipid membrane
and substrate, through which the CF molecules may diﬀuse and
10923
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Figure 4. Representative DOPERhoB contrast probability distributions of 130, 100, and 75 nm vesicles on 80 nm pores with respective
Gaussian ﬁts. The distributions are oﬀset for clarity. The 75 nm vesicles
(bottom) show one single peak of high-ﬂuorescence signal within the
nanopore. The 100 and 130 nm vesicles (center and top) clearly display
two peaks each. For the 130 nm vesicles, the ratio of spanned nanopores
to unspanned nanopores increases.

Figure 3. (A) Contrast distributions for CF (thick black line, bottomleft axes) and DOPERhoB (thin black line, bottom-right axes) for
130 nm vesicles on 100 nm pores (where, for example, 1E-3 represents
1  103). The former is plotted on a linearlogarithmic scale for clarity.
Both distributions show two peaks, indicating the existence of two kinds
of pores: spanned (CF, high contrast; RhoB, low contrast) and not
spanned (CF, low contrast; DOPERhoB, high contrast). The DOPERhoB distribution is ﬁtted with a linear combination of two Gaussian
distributions to quantify the two populations (gray lines). (B) Series
depicting the time evolution of the signal from CF encapsulated in pores.
The scans are oﬀset for clarity and were taken at 5, 75, 120, and 180 min
(bottom to top). CF continuously leaks away as seen from the shift to
lower contrast over time of the minority high-contrast fraction of npsLBs.

therefore an eﬀectively much larger membrane area where defects
can occur is accessible to the dye. Another drawback of using CF to
check for encapsulation is the low number of encapsulated CF
molecules per nanopore. However, the continuous and slow rate
of single-nanopore CF signal loss is proof of the long-term stability
of the spanning bilayers. The time for loss of the encapsulated CF
signal is, e.g., 3 times longer than reported for CF encapsulated in
similar nanopores by shear-ﬂow membrane spreading.12
The described anticorrelation between the CF and DOPE
RhoB signals allows us to rely on using only one dye, which is
preferred in order to avoid cross-talk, to investigate the presence
of npsLB. Analysis based on using only the membrane dye RhoB
yields sharper contrast distribution for npsLB events due to lower
variability in the encapsulated dye and less time dependence of
the contrast, which for DOPERhoB is not aﬀected by leakage
and nonuniform bleaching. The following analysis therefore
relates to the DOPERhoB signal.
Figure 4 shows a typical set of results reporting the DOPE
RhoB contrast distributions obtained by varying the size of
vesicles (75, 100, and 130 nm, respectively) and keeping the

size of the nanopores constant, in this case 80 nm. For clarity, the
values of the contrast have been normalized between the minimum and maximum contrasts in the raw images and each curve
has been obtained by analyzing several thousands of pores. The
curve for 75 nm vesicles exhibits a single, high-ﬂuorescence peak
indicating that no npsLBs were observed. The 100 nm vesicles on
the other hand display a clear dual population of peaks—a large
number of nanopores with high-ﬂuorescence signal, with a small
number of pores with low-ﬂuorescence signal indicating the
presence of some npSLBs. The number of membrane-spanned
pores with low ﬂuorescence increases when 130 nm vesicles are
used instead of 100 nm vesicles. The contrast distribution for
each vesicle size was ﬁtted using two Gaussians (shown in
Figure 3A), and the percentage of spanning pores was calculated
as the ratio of the areas of the two Gaussians.
Such analysis was extended to the whole matrix of pore/vesicle
sizes available for our study. The resulting percentages of
membrane-spanned pores as a function of nanopore diameter
are shown in Figure 5. The error bars range between the
minimum and maximum spanning percentage achieved repeating the experiments with diﬀerent vesicle batches and substrates
for a given nanopore size. The fraction of spanned nanopores
shows a strong dependence on the vesicle size to pore diameter.
Pores that are 200 or 500 nm in diameter are never spanned by
any size of vesicles tested. As the pore size is decreased, formation
of npsLB is observed with the onset of spanning occurring
roughly at a nanopore size corresponding to the average vesicle
diameter. The fraction of npsLBs then increases with the
diﬀerence between vesicle and pore diameter, but seems to
saturate at an average close to 15% for both 100 and 130 nm
vesicles. Importantly, this saturation level seems to be reached
already at a size diﬀerence of roughly 30%, after which a further
increase in relative vesicle size has no signiﬁcant inﬂuence on the
npsLB fraction. The highest observed npsLB fraction of 24% was
observed for 130 nm vesicles over 100 nm pores. The appearance
of an upper limit to the fraction of nanopores that can be spanned
by a lipid membrane formed by liposome fusion is a new and
somewhat surprising ﬁnding. We discuss this ﬁnding in the
following section in terms of the free energy contributions from
10924
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Figure 5. Plot of percentage of spanned pores versus pore size.
Response curves for each size of vesicle are plotted against the diﬀerent
diameters of nanopores: 9, 130 nm vesicles; b, 100 nm vesicles; 2,
75 nm vesicles. The vertical error bars range between the minimum and
maximum spanning percentage achieved repeating the experiments with
diﬀerent vesicle batches and substrates for a given nanopore size. The
horizontal error bars are the standard deviations in the diameters of the
particles used. Vesicles do not span pores with diameters > 100 nm.
Spanning occurs only for nanopores with a diameter e 100 nm. A larger
vesicle size to pore diameter leads to a higher fraction of npsLBs. The
maximum obtained npsLB fraction was 24%.

membrane bending and adhesion that shapes the membrane
conformation around a nanopore.
3.2. Theoretical Considerations. The geometry of a nanopore is sketched in Figure 6A. The curvatures and distances are not
to scale. a refers to the radius of curvature of the nanopore edge
determined to be <10 nm by scanning electron microscopy
(SEM), c refers to the radius of the curvature of the nanopore
opening, R = c  a refers to the internal radius of the nanopore
given by the lithographically defined pore size, and h refers to the
height of the nanopore. The POPC and POPS lipids used in this
work both have a shape factor close to 1,32,33 meaning that a
membrane formed from these lipids will have insignificant intrinsic
curvature and prefer a planar conformation; any bending imposed
to the bilayer causes therefore an energy penalty for the system.
The bending energy of such an SLB over a curved surface of area
S can be derived from the Helfrich harmonic approximation:34,35
I
Eb ¼
eb dA
ð1Þ
S

where
1
eb ¼ kb ðk1 þ k2  2c0 Þ2 þ ℵk1 k2
2

ð2Þ

kb is the bending modulus, k1, k2 are the principal curvatures of the
lipid bilayer segment, c0 is the spontaneous curvature, and ℵ is the
saddle splay modulus. Seifert36 quoted a typical bending modulus
kb = 1019 J. The spontaneous curvature c0 of a flat SLB with our
chosen lipid composition can be taken to be 0, while the saddle
splay modulus ℵ is neglected because topological changes of the
SLB over a single edge are not considered, reducing (2) to eb =
(1/2)kb(k1 + k2). For the current purpose, the principal radius k1,
referring to the lipid bilayer segment stretching/compression
across the nanopore edge, is taken to be constant as it follows

Figure 6. Results of theoretical calculations for the formation of
nanopore-spanning lipid bilayers over a nanopore. (A) Sketch of a
single nanopore: a, radius of curvature of the nanopore edge; c, radius of
nanopore opening; R, internal radius of the nanopore; h, height of the
nanopore. (B) Energy landscapes for the bending energy Eb and
adhesion energy Ead for a SLB adsorbed in a nanopore for a range of
nanopore dimensions. The red surface represents the bending energy
landscape for a SLB following the contours of the nanopore, the green
surface represents the adhesion energy for a strongly adhering SLB, and
the blue surface represents the adhesion energy for a weakly adhering
SLB. (C) Diﬀerence between bending energy of a membrane over the
nanopore edge, Eb,edge, and the adhesion energy of the membrane to the
edge, Ead,edge,strong. Only values where Eb,edge > Ead,edge,strong favoring
formation of a npsLB are displayed.

the curvature of the nanopore opening (k1 = 1/a). The second
principal radius k2, referring to the stretching/compression along
the edge of the opening of the nanopore, is instead not constant
and is a function of both the nanopore curvature and nanopore
edge curvature. The same assumptions and considerations are
applicable to the bottom of our nanopores (Figure 6A). The
parametrization of these curved surfaces are derived in the Supporting Information. In addition to bending at the nanopore
edge, the bending induced by the adhesion of the bilayer onto the
inner walls of a cylindrical pore has to be accounted for; in this
case the inverse pore radius 1/R is the only principal curvature
radius. The total energy penalty stemming from bending at and
within a nanopore is thus given by summing up the contributions
from each curved surface, Eb,total = Eb,edge + Eb,bottom,edge + Eb,wall.
The adhesion energy between the membrane and substrate
can be written as
Ead ¼ kad Apore
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where kad is the adhesion energy per unit area for a given lipid
system/surface pair and Apore is the area of contact. Experimental
values for kad vary between 1021 and 1025 J nm2 for strongly
to weakly adhering SLBs as measured by a variety of methods
such as the surface force apparatus, optical microscopy, and
reﬂection interference contrast microscopy.34,36 In the case of
our nanopores, the contact area is approximately the internal area
of a cylindrical pore with radius R and height h including only the
bottom face, the area of the nanopore edge, and the area joining
the walls of the nanopore and the bottom face, as parametrized
and calculated in the Supporting Information.
To understand the prevailing energy contribution which will
determine the equilibrium conﬁguration of the lipid membrane
for various pore geometries, Eb and Ea are plotted as a function of
a and c in Figure 6B. The minimum value for a of 2 nm reﬂects
the theoretical minimum possible bending radius of a lipid bilayer
segment around a high curvature edge given the size of a lipid,
while the maximum value is the upper bound to the radius of
curvature given by the resolution of SEM images of the edge. The
values of c represent the range of diameters for which npsLBs
were detected in this study and a nanopore depth h of 350 nm
was assumed, corresponding to the deposited silicon nitride. The
values of Eb (red) lie between the adhesion energies for strongly
(green) and weakly (blue) adhering lipid bilayers. Thus, in ﬁrst
approximation, a strongly adhering SLB for which Eb < Ea will
bend and follow the contour of the nanopore. The expected
outcome, however, depends dramatically on the not well-known
value of kad. A high adhesion energy between vesicles and the
underlying surface is required for the formation of SLBs through
liposome fusion, in particular for anionic membranes formed in
the presence of Ca2+.37 This implies that the kad value for our
system is likely to be close to the maximum reported values,
yielding that npsLBs are not likely to occur according to the
presented minimum energy arguments.
The data presented in Figure 5 can now be assessed according to
the insights provided by these calculations. Vesicles smaller than the
nanopore openings will only form SLBs following the contours of
nanopore arrays by diﬀusing into them. For the cases with vesicles
larger than the nanopore openings, the majority of the pores show
no evidence of spanning, in agreement with the results of the
thermodynamic equilibrium analysis. However, a substantial fraction of npsLBs is also found, which according to the above analysis
should not occur. This implies that a second mechanism must be at
play for the formation of npsLBs and that the equilibrium analysis is
not suﬃcient to explain the experimental results.
Vesicles are known to adsorb to silicon nitride and rupture upon
reaching a critical surface concentration (∼30%), forming SLB
patches on the surface.16,38 Each SLB patch will fuse with other
patches across the surface upon addition of lipid material from
incoming vesicles. A continuous addition of lipid material from the
bulk thus expands the merging patch sizes by diﬀusion of lipids
along the surface to form a fully connected lipid bilayer as
liposomes from the bulk solution adsorb and rupture at the edge
of a membrane patch. When the lipid bilayer front reaches a
topographical feature on the surface, the membrane will ﬂow over
or into them, as has been observed previously for low aspect ratio
features with low curvature3941 and for shear-driven SLBs,12 but
the probability of which will occur depends on the kinetic barrier
to the formation of a contour-following SLB. The incremental
bending energy as the membrane moves over the nanopore edge
must be suﬃciently greater than the incremental adhesion energy.
The energy landscapes for these contributions taking only the
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barrier zone of the nanopore edge into account can be similarly
derived and plotted as a function of nanopore size, such as for
Figure 6B (see Supporting Information). The resulting energy
barrier height obtained by subtracting Ead,edge from Eb,edge normalized by kT is plotted in Figure 6C. Only the highest adhesion
energy found in literature was chosen, reﬂecting the case most
unfavorable to the formation of npsLB. Eb,edge  Ead,edge . kT for
small a, but is seen to drop below 0 for 4 nm < a < 6 nm, while only
a weak dependence on nanopore radius is observed. Thus, for very
small a it can be predicted that the moving SLB front is unlikely to
enter the nanopore and adhere to its walls even if the highest
reported adhesion constant is assumed. Note that even if the
membrane at a high-curvature edge adopts a low-curvature shape
around that edge, this can only happen by losing the contact to the
surface and thus reducing the adhesion energy to zero while still
suﬀering a signiﬁcant penalty for the lower bending but over a large
area. It can be observed that for 4 nm < a < 6 nm, the rate of change
of (Eb,edge  Ead,edge)/kT is very high, and therefore small
geometrical variations are responsible for favoring either an npsLB
or a contour following SLB.
Thus, from a ﬁrst theoretical analysis of the SLB around a
nanopore, it can be seen that two factors determine the formation
of npsLBs, namely, kad and the geometry of the nanopores
deﬁned by a and c. The conditions which favor the formation
of npsLBs are low kad, a, and c, where c plays a less important role.
In agreement with the experimental observation of both npsLB
and contour following SLB, it was shown that, for the relevant
parameter range, the contour following SLB is the minimum
energy state but that the energy barrier to reach the minimum can
vary to favor each of the conformations within the experimental
parameter range and sample polydispersity. In light of this, two
approaches to promote npsLB formation through reduction of
the adhesion energy respectively during and after liposome
adsorption were attempted. The ﬁrst approach was based on
the adsorption of zwitterionic POPC liposomes in Ca2+-free
buﬀer with lower surface aﬃnity,16 which resulted in more
defective SLBs but percentages of npsLB similar to those for
anionic liposomes with Ca2+ for 100 (3 ( 1%) and 140 nm (10 (
1%) vesicles on 100 nm pores. While the adhesion energy and
thus vesicle rupture and fusion were diﬀerent for anionic and
zwitterionic vesicles, the kinetics of SLB spreading are essentially
the same,16 suggesting that the adhesion energies of the anionic
and zwitterionic lipid bilayers are in the same order of magnitude.
This leads to equal, low fractions of npsLB.
The second approach to reduce membrane surface adhesion on
silica surfaces, introduced by Cremer and Boxer17 and recently
used to favor formation of npsLBs for membranes driven across
nanoporous substrates,12 is changing the pH of the buﬀer. We
therefore adsorbed vesicles at pH 7.4, after which the buﬀer
was changed to pH 9.5 to observe whether a release of the membrane adhering to the inside of the pore would occur to form a
npsLB. However, even after waiting for prolonged periods of time
(180 min), no increase in npsLB fraction was observed (5 ( 1% of
spanned pores with 100 nm vesicles and 12 ( 1% of spanned pores
from 130 nm vesicles exposed to 100 nm nanopores). It was
concluded that, as predicted above, already formed contourfollowing SLBs cannot be converted into npsLBs, as this would
both require the npsLB to be the equilibrium conformation and
that a large energy barrier due to giving up favorable adhesion
energy from the low-curvature nanopore walls is overcome.
A consequence of our analysis is that a npsLB is never obtained
unless the membrane is originally formed over the pore and stays
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as such. A lipid bilayer prepositioned above a nanopore occurs in
the experiment when vesicles larger than the nanopore either sit
on top of the pore or in very close proximity to a nanopore and
extend over it. A vesicle positioned over a pore will already have
the membrane correctly positioned to form a sealing npsLB
when rupturing by fusing to a spreading SLB, which then cannot
enter the pore. This mechanism is inherently stochastic, relying
on the probability of vesicles to randomly adhere onto nanopore
openings on the substrate, and therefore this could also explain
the fact that only a fraction of the nanopores can be spanned. The
frequency of occurrence of a vesicle positioning itself over a pore
depends thus on vesicle size. Adsorption over a pore is additionally only possible when the local vesicle area coverage does not
partially block the pore opening. Therefore, once the necessary
conditions for spanning through liposome fusion are met, i.e. the
vesicle diameter is larger than the pore diameter, the spanned
pore fraction is only weakly dependent on the vesicle-to-pore size
ratio leading to the observed saturation value for the fraction of
spanned pores.17 The necessity of a vesicle to be already
positioned on top of a nanopore in order to lead to the formation
of a spanning membrane is also supported by the fact that the
maximum achieved fraction of spanned pores is close to the
critical surface coverage necessary to cause vesicle rupture and
bilayer formation (∼30%). At the critical coverage, we expect
roughly 30% of the pores to be occupied by a vesicle, leading to a
similar fraction of pore-spanning bilayers when these vesicles
rupture and fuse with bilayer forming in the immediate vicinity.
The fact that the measured fractions are somewhat lower can be
due to the fact that the probability of a vesicle adsorbing on top of
a pore opening is likely smaller than on the silicon nitride surface
since the contact area with the substrate is reduced. Finally, as
described in the Experimental Section the vesicles exist with a
quite broad distribution of sizes also after extrusion. This
certainly causes a minor lowering in the spanned fraction due
to the tail of smaller vesicles that are present also in, e.g., the
130 nm vesicle samples. The correction is expected to be minor
as, e.g., the 130 nm vesicle sample only ∼5% of the total
population of vesicles is estimated to be smaller than 100 nm
in diameter on the basis of the DLS analysis.

4. CONCLUSIONS
In summary, to promote the formation of solvent-free npsLBs
by the preferred method of liposome rupture and fusion, a series
of necessary criteria have to be met, including a minimum
liposome to pore diameter ratio, high-curvature pore edges,
and a suﬃciently strong liposomesubstrate adhesion energy
to promote SLB formation through the right choice of substrate
chemistry, lipid and buﬀer compositions. This was shown and
quantiﬁed by detailed image analysis of high-resolution optical
micrographs, which for the ﬁrst time provided statistics of
membrane conformation also on small nanostructures.
The detailed statistics showed that the necessary requirements
put forth above are not suﬃcient to promote npsLB formation
over all pores on a nanoporous array sensor substrate. Even in the
best-case scenario, where these parameters are optimized to favor
the npsLB structure over an SLB following the nanopore
contour, the kinetics of the SLB formation or polydispersity of
current sample manufacturing technology will lead to only a
fraction (for us maximum ∼ 1/4) of the pores being spanned.
How would it then be possible to form a solvent-free npsLB
by direct liposome fusion over an entire nanopore array? The

ARTICLE

presented work shifts the focus from the energetic equilibrium of
membrane conformation over the nanostructures to the kinetics
of its formation; providing a suﬃcient barrier that opposes a
membrane entering a pore while forming constitutes therefore an
additional requirement. Several future solutions can be envisaged, e.g., to prevent the spreading SLB patches from entering
pores smaller than the adsorbing liposomes by functionalizing
selectively the pore walls with liposome repelling polymers such
as poly(ethylene glycole) (PEG) brushes. In more advanced
approaches, liposomes could be tailored to bind selectively only
on top of the openings, followed by a second step where a lipid
bilayer is either formed on the substrate around the pores or is
driven there and then allowed to fuse with the preplaced
liposomes. By means of such preplacement of vesicles we can
also envisage the possibility of localizing membrane proteins
primarily to the nanostructure sensor elements.
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